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Abstract
Enzymes play indispensable roles in producing biofuels, a sustainable and renewable source of transportation fuels.
Lacking rational design rules, the development of industrially relevant enzyme catalysts relies heavily on highthroughput screening. However, few universal methods exist to rapidly characterize large-scale enzyme libraries.
Therefore, assay development is necessary on an ad hoc basis to link enzyme properties to spectrophotometric
signals and often requires the use of surrogate, optically active substrates. On the other hand, mass spectrometry
(MS) performs label-free enzyme assays that utilize native substrates and is therefore generally applicable. But the
analytical speed of MS is considered rate limiting, mainly due to the use of time-consuming chromatographic
separation in traditional MS analysis. Thanks to new instrumentation and sample preparation methods, direct
analyte introduction into a mass spectrometer without a prior chromatographic step can be achieved by laser,
microfluidics, and acoustics, so that each sample can be analyzed within seconds. Here we review recent advances
in MS platforms that improve the throughput of enzyme library screening and discuss how these advances can
potentially facilitate biofuel research by providing high sensitivity, selectivity and quantitation that are difficult to
obtain using traditional assays. We also highlight the limitations of current MS assays in studying biofuel-related
enzymes and propose possible solutions.
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Introduction
Biofuels is a type of transportation fuels derived from
renewable biomass [1]. Depending on the source of
biomass feedstock, biofuels are classified into three generations. The first generation of biofuels is converted from
food and oil crops; the second generation is converted
from lignocellulose; and the third generation is converted
from algal and oleaginous microorganisms. All generations of biofuels utilize biochemical conversion at certain
production stages such as biomass degradation, microbial
fermentation, and lipase-mediated biodiesel synthesis [2].
Therefore, the development of efficient and robust enzyme
catalysts is critical to develop economically feasible
processes for biofuel production.
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To identify industrially useful enzymes, large-scale
protein prospecting and engineering is often required,
because it is still difficult to predict enzyme properties
directly from amino acid sequences [2–4]. Whereas the
creation of protein homolog and mutant libraries
becomes straightforward due to the advances in synthetic biology, phenotypic screening remains challenging
and rate limiting [5]. Generally, ad hoc assay development is necessary to couple each enzyme property with
spectrophotometric signals that are amenable to highthroughput measurement, such as cell growth, optical
absorbance, and fluorescence [6]. However, such an
approach is limited to a narrow range of enzyme
reactions and often requires the use of expensive, surrogate substrates. To overcome these limitations, highthroughput Fourier transform infrared (FTIR) spectroscopy [7] and Raman spectroscopy [8] have been utilized
in label-free optical screening, which relies on characteristic spectral features or “fingerprints” so that very
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limited structural selectivity can be achieved. Moreover,
transcription factor-based biosensors that correlate product formation with the expression level of a fluorescence
protein have been created to facilitate protein engineering
[9–11]. Although such genetic reporters eliminate the
need to develop optically active surrogate substrates, only
a limited range of metabolite-sensing transcription factors
are available to create such reporters.
On the other hand, mass spectrometry (MS) provides a
generally applicable, label-free modality to screen enzyme
libraries [12–20]. Thanks to its superior mass-resolving
capabilities, MS assays provide unparalleled selectivity in
assigning and quantifying various molecular species in a
complex reaction mixture [13]. Furthermore, high sensitivity of MS measurement permits miniaturization of reaction volume and hence reduces screening cost. But the
throughput of MS analysis is traditionally limited by a
prior step of gas chromatography (GC) or liquid chromatography (LC), which often takes 5–60 min. With recent
advances in instrumentation and sample preparation,
time-consuming chromatographic separation can be omitted before MS analysis. Therefore, it becomes possible to
apply high-throughput MS assays for enzyme screening.
MS screening not only exhibits sensitivity, selectivity, and
quantitation that are unattainable using traditional
methods, but also greatly reduces ad hoc endeavors in
assay development by providing a generally applicable
platform. These combined advantages may greatly accelerate and improve the study and engineering of a wide range
of enzymes. However, whereas high-throughput MS assays are increasingly used in protein research for biomedical application, they have not been widely utilized to
engineer enzymes for biofuel production. This is likely
due to the lack of awareness of these new MS modalities
in the biofuel research communities.
In this opinion essay, we aim to introduce new highthroughput MS technologies to biofuel researchers and
discuss their potential applications in engineering
biofuel-related enzymes. Existing approaches and applications of protein engineering for biofuel production are
reviewed elsewhere [2, 3, 21–23], primarily relying on
spectrophotometric and chromatographic approaches.
Although there are also review papers in literature summarizing high-throughput MS assays for protein research [12–18], the use of MS screening to study biofuel
enzymes has not been covered to the best of our knowledge. Here we start with the basic MS concepts and
highlight two common settings of high-throughput platforms including MALDI (matrix-assisted laser desorption/ionization) MS imaging and automated loading to
an ESI (electrospray ionization) source as shown in Additional file 1. We first summarize current screening strategies for engineering biofuel-related enzymes, and then
discuss how high-throughput MS assays can provide
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additional advantages. We conclude with future perspectives, highlighting the potential and challenges for MSbased enzyme screening in promoting biofuel research.
Basic concepts in MS and high-throughput MS
approaches

MS measures gas-phase ions generated from neutral
molecules in the ion source of a mass spectrometer.
These ions are separated in the mass analyzer and quantified by the ion detector. In a typical mass spectrum,
relative ion abundances are plotted versus mass-tocharge (m/z) ratios, and these two values reflect quantitative and qualitative information of measured molecules, respectively. To study enzymes, two types of ion
sources are often utilized, including ESI and MALDI
(Fig. 1). These two sources can be coupled to various
mass analyzers, such as triple quadrupole (QQQ), ion
trap, time-of-flight (TOF), and Orbitrap, and these mass
analyzers exhibit different detection limit, mass resolution, scan speed, and quantitation. The choice of ion
sources and mass analyzers is critical to obtain chemical
information of interest for a select enzyme reaction.
At any given time, molecules compete for ionization in a
mass spectrometer. Abundant, easy-to-be-ionized molecules, such as buffer salts, are more readily detected and
considered “contaminants”. To avoid this “ion suppression”
effect, GC or LC is often used to separate contaminants
from target analytes, so they enter the mass spectrometer
at different elution times. As chromatographic separation
is time-consuming, direct sample infusion is desirable to
achieve higher throughput. Here we discuss two such MS
settings including MALDI MS imaging (Fig. 1a) and
automated loading to ESI MS (Fig. 1b and c).
MALDI MS imaging can be applied for rapid profiling
of a spatially defined array of enzyme reactions on a surface called MALDI target (Fig. 1a) [12]. MALDI MS is
well suited for rapid inspection of a large number of biological samples because of its simple sample preparation,
high salt tolerance, and a wide coverage of diverse biomolecules [12, 25, 26]. Traditionally, macromolecules
such as proteins, lipids, and glycans are the main targets
for MALDI MS, but small metabolites are increasingly
analyzed as well (Table 1) [32]. Various surface chemistry has been developed to immobilize and/or capture
analytes on a MALDI target, allowing removal of contaminants to enhance detectability and quantitation by
washing steps [12]. After matrix application, laser is
applied and analyze reaction arrays at a rate of < 5 s per
sample (Fig. 1a). When coupled with machine vision,
laser sampling can be programmed to target randomly
located objects such as microbial colonies [33]. This
development enabled rapid engineering of multi-step
enzymatic pathways using microbial cells as reaction
vessels [26].
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Fig. 1 High-throughput MS approaches to screen enzyme libraries. a MALDI MS imaging-based screening. Enzyme reactions are spotted as
microarrays on a surface called MALDI target. Then, matrix molecules that absorb laser energy are overlaid. Laser shots are fired at high
frequencies across surface microarrays for analyte desorption, ionization, and MS analysis. b Microfluidic loading to ESI MS. Enzyme reactions are
performed in aqueous droplets in microfluidic channels followed by direct infusion into an ESI source. Adapted with Permission from [24].
Copyright 2018 American Chemical Society. c Acoustic loading to ESI MS. Enzyme reactions are created in microtiter plates. From each well,
nanoliter droplets are ejected using an acoustic transducer. The droplets are then introduced to an ESI source via an open port probe (OPP) that
carries a continuous solvent flow

ESI MS provides complementary analytical capabilities
to MALDI MS. For example, small molecules (< 500 Da)
are challenging targets for MALDI MS analysis due to
strong matrix background signals, but they are readily
detected by ESI MS (Table 1). However, ESI MS is less
tolerant to contaminate interference and hence often requires LC separation. To improve throughput, solidphase extraction (SPE) can be utilized instead of LC for
desalting. The Agilent RapidFire system further automates sample aspiration, SPE desalting, and ESI MS injection steps to achieve a cycling time of ~ 10 s [27, 28].
Alternatively, miniaturization of injected sample volume avoids “overloading” the mass spectrometer and
hence reduces the impact of ion suppression. Automatic
loading of small-volume samples to ESI MS can be
achieved through microfluidics or acoustics (Fig. 1b and
c). In a microfluidic channel, many femto- to nanoliter
reactions are set up in aqueous droplets dispersed in an
immiscible fluid [34]. These droplets can be directly
interfaced to an ESI source for MS-based screening at a
rate of < 1 s (Fig. 1b) [24, 29]. To achieve robust screening, it is necessary to perform systematic optimization of

many parameters including flow rate, emitter configuration, and droplet-stabilizing surfactants [29]. For microfluidic droplets, it is also possible to combine optical and
MS screening in a single lab-on-a-chip platform to provide complementary information [35]. For acoustic loading, 2.5 nL of droplets can be ejected from a 384-well
microtiter plates using an Labcyte Echo acoustic liquid
handler (Fig. 1c) [36, 37]. In one setting, droplets are
captured by an open port probe (OPP) and then diluted
into a continuous solvent flow that enters an ESI source
(Fig. 1c) [31, 38, 39]. The combination of precise droplet
loading with continuous solvent dilution greatly reduce
ion suppression so that chromatography and SPE can be
eliminated. When separation steps are omitted, however,
cautions should be taken against matrix effects and reduced capability of quantitation.
How MS assays can benefit the engineering of biofuel
enzymes

When summarizing recent engineering studies targeting
biofuel-related enzymes (Table 2), it is notable that
high-throughput MS assays have not been widely

Table 1 Comparison of various MS platforms in biofuel research
MS platform

Analytical time per
sample

Biofuel-related analyte

GC-MS

5–20 min [17]

Limited to small, volatile molecules (short-chain alcohol, fatty acid, hydrocarbon, fatty ester, etc.)

LC-ESI-MS

10–60 min [14]

Most versatile (Glycan, lipid, fatty acid-derived molecules of various chain lengths)

Automated SPE cleanup
and ESI MS

~ 10 s [27, 28]

Microfluidics-ESI MS

< 1 s [24, 29, 30]

Acoustics-OPP-ESI MS

< 1 s [31]

MALDI MS imaging

< 5 s [12, 25, 26]

Preferably macromolecules (glycan, lipid, etc.) and small, nonvolatile molecules (medium- to longchain fatty acid-derived molecules, etc.)
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Table 2 Recent studies of protein engineering in biofuel research
Enzyme type

Target property

Screening assay

Endoglucanase

Activity

Chromogenic surrogate substrate [40]

Endoglucanase

Thermostability

Colorimetric assay on polymerization degree [41]

Cellobiohydrolase

Activity/thermostability

Colorimetric assay on reducing sugar [42]

Biomass deconstruction

Beta-glucosidase

Activity

Chromogenic surrogate substrate [43]

Beta-glucosidase

Activity

MALDI MS imaging [44]

Endoxylanase

Activity

Colorimetric assay on reducing sugar [45]

Endoxylanase

Product inhibition

Chromogenic surrogate substrate [46]

Endoxylanase

Thermostability

Colorimetric assay on reducing sugar [47]

Substrate utilization
Glucose oxidase

Stability

Fluorescent redox indicator [48]

Cellobiose dehydrogenase

Activity

Fluorescent redox indicator [49]

Xylose reductase

Cofactor specificity

Colorimetric assay on NAD(P)H consumption [50, 51]

Xylose transporter

Activity

Genetic biosensor [9]

Substrate specificity

GC-MS [52]

Product synthesis
P450 fatty acid decarboxylases
Citramalate synthase
2-Isopropylmalate synthase
Ketoisovalerate decarboxylase
Fatty acid synthase

Activity for C3/C4 alcohol production

Synthetic auxotrophy [53]

Substrate specificity towards C5–C8 alcohol production

GC-MS [54]

Product specificity towards C6/C8 fatty acids

GC-MS [55]

Thioesterase

Product specificity towards C8/C12 fatty acids

GC-MS [56]

Thioesterase

Product specificity towards C8 fatty acid

Synthetic auxotrophy [57]

Lipase

Activity/substrate specificity/stability

Chromogenic surrogate substrate [58–60]

Lipase

Enantioselectivity

GC [61]

utilized in this research area. Currently, most methods
convert substrate and/or product concentrations into
spectrophotometric signals via assay development. These
assays generally rely on the use of chromogenic or
fluorogenic surrogate substrates, chemical and biochemical reactions, and genetic biosensors [6]. Therefore,
such measurements are indirect and prone to false positive. On the contrary, MS-based enzyme assays enable
direct, label-free measurement. This capability allows the
use of native substrates of a target enzyme and hence
eliminates the need of surrogate substrates in indirect
assays. Moreover, thanks to its mass-resolving power,
MS can monitor many reaction species simultaneously.
This is particularly useful for enzyme specificity engineering that requires differentiation of subtle, structural
changes among similar molecules, which is challenging
for spectrophotometric assays. To discuss how such
unique capabilities can be beneficial in biofuel development, here we compare MS with existing assays in the
context of biomass degradation and product synthesis.
Deconstruction of lignocelluloses into fermentable
substrates contributes to the main cost in biofuel

production. It is hence critical to improve the activity of
biomass-degrading enzymes to reduce such cost [38].
Traditionally, cellulolytic enzyme assays often monitor
the increase in reducing sugar ends during cellulose
depolymerization (Fig. 2a). One colorimetric assay utilizes 3,5-dinitrosalicylic acid (DNS) that reacts stoichiometrically with reducing functional groups to form 3amino-5-nitrosalicylic acid, which exhibits a specific absorption at 540 nm (Fig. 2b). Based on this principle, the
DNS assay is unable to differentiate various oligosaccharide products and hence only reports overall cellulolytic activities. However, it is desirable to screen for both
activity and specificity, as the deconstruction of lignocellulosic feedstock generally requires the synergistic action
of cellulases with complementary specificities [3].
On the other hand, MALDI MS is widely applied to
analyze glycans [62] and capable of differentiating various oligosaccharide products resulted from the hydrolysis of lignocellulosic substrates (Fig. 2c) [63]. MALDI
MS imaging has been developed to screen cellulosedegrading enzymes and relevant applications are recently reviewed [12]. Existing approaches often utilize
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Fig. 2 Colorimetric and MS analyses of cellulose-degrading reactions. a Schematic illustration on enzymatic deconstruction of celluloses into
oligosaccharide products. CHO indicates the reducing ends of glycans. b Colorimetric measurement of reducing sugar equivalents using the 3,5dinitrosalicylic acid (DNS) reagent. The resultant 3-amino-5-nitrosalicylic acid exhibits a specific absorption at 540 nm. c A schematic MALDI mass
spectrum of cellulolytic degradation products to reflect product specificity of a select cellulase by detecting and quantifying various released
oligosaccharides, which produce different peaks of corresponding m/z values in a mass spectrum

chemically derived substrates that allow covalent or
non-covalent immobilization of substrates on a MS target surface [23, 44, 64–66]. For example, perfluorinated
glycan analytes can be captured a liquid “initiator”
phase on porous silicon surfaces via non-covalent,
fluoro-phase interactions. This so-called nanostructureinitiator MS (NIMS) method permits inclusion of washing steps to remove contaminants from complex samples such as cell lysates [65, 66]. Using NIMS, 175
diverse glycosylhydrolases were tested under different
temperature and pH values in microtiter plates, and enzyme reactions were spotted on NIMS chips and analyzed by MALDI MS to generate more than 10,000 data
points [44]. An interesting new development combined
NIMS with droplet microfluidics, whereby the droplets
containing enzyme reaction mixtures were arrayed on
discrete NIMS spots at defined time intervals. The subsequent MALDI MS profiling was therefore able to provide time resolved information on the enzyme activities
of a glycoside hydrolase [67]. Although effective, the
use of chemically derived surrogate substrates may generate screening hits that do not perform well with native substrates. In this regard, it was reported that
MALDI MS were used to detect oligosaccharides that
were resulted from cellulose and xylan hydrolysis (Fig.
2c) [63]. Therefore, we envision plant biomass can be
directly utilized to screen cellulose-degrading enzymes
using MALDI MS imaging.

For microbial synthesis of biofuel molecules, it is important to control product composition by engineering
enzymes with desirable specificities. For example, fatty
acid-derived chemicals with medium chain lengths of 8–
12 are used as “drop-in” fuel alternatives for gasoline, jet
fuel, and biodiesel [68]. It has been demonstrated that
protein engineering can be applied to alter the specificities of fatty-acid metabolizing enzymes towards
medium-chain products [55, 56]. But it often takes more
than 20 min per sample to analyze the profile of various
lipid products using chromatographic separation such as
GC [55, 56]. To increase screening throughput, chromogenic substrates can be used for colorimetric assays. For
example, surrogate ester substrates are utilized for rapid
profiling of lipase activities by monitoring the release of
p-nitrophenol at 405 nm upon ester hydrolysis (Fig. 3)
[58–60]. The specificity of a select lipase can be characterized using a panel of surrogate esters with different
fatty acyl chains. However, except for lipases, such
chromogenic substrates are not available to most lipidmetabolizing enzymes. In addition, the mutant hits obtained using surrogate substrates do not necessarily perform well with native substrates. Therefore, the lack of
high-throughput, generally applicable assays that are
specific to fatty acyl chain lengths hinders protein engineering of lipid-metabolizing enzymes [68].
To overcome such limitations, MALDI MS imaging
can provide unparalleled speed and selectivity to

Fu et al. BMC Energy

(2020) 2:1

Page 6 of 9

Fig. 3 Lipase colorimetric assay using surrogate ester substrates. The progress of the lipase reaction can be monitored by measuring the release
of p-nitrophenol with a specific absorbance at 405 nm

distinguish lipid congeners of various chain lengths
based on mass differences. For example, we recently developed optically guided MALDI MS to profile the
chemical content of microbial colonies at a rate of ~ 5 s
[26]. The total and relative abundance of various rhamnolipid congeners were rapidly quantified by monitoring
the ion intensities at corresponding m/z values (Fig. 4).
Using this method, we were able to rapidly screen thousands of mutant strains for directed enzyme evolution
[26]. However, biofuel-relevant lipid molecules, including free fatty acids, fatty alcohols, and alkenes, are

challenging targets for MALDI MS. The underlying
technical difficulties are due to the low molecular
weight, low ionization efficiency, and high volatility of
these molecules. To overcome these difficulties, assays
need be developed to enhance MALDI MS detection, including chemical derivatization [69], the use of nonclassical MALDI matrices such as nanoparticles [70],
and detection of easy-to-ionize metabolic precursors
such as membrane lipid species [71].
Alternatively, ESI MS assays may also be developed to
screen fatty-acid derived products. For example, lipid

Fig. 4 MALDI MS imaging to profile lipid composition from microbial colonies [26]. A Chemical structure of the main rhamnolipid molecules
produced from recombinant microbial cells. B Optically guided MALDI MS rapidly profiles chemical contents from randomly distributed microbial
colonies. C The ion intensities at select m/z values of corresponding rhamnolipid molecules can be used to quantify relative congener
abundance. Adapted with permission from [26]. Copyright 2017 American Chemical Society
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molecules from other biological samples have been analyzed in high throughput through online SPE cleanup
using the Agilent RapidFire platform [72]. Acoustic
droplet loading from microtiter plates via the OPP-ESI
platform should also be applicable. The use of microfluidic droplet-ESI MS settings, however, is not recommended because lipid products may diffuse out of
aqueous droplets into surrounding oils due to their
hydrophobic nature.

Conclusions
Here we provided a brief update on new MS platforms for high-throughput enzyme screening in the
context of biofuel production. Two main trends are
observed. First, it is desirable to eliminate timeconsuming chromatographic separation before MS
analysis. In this context, MALDI MS imaging and automated, miniaturized loading to ESI MS are particularly useful. Second, MS is capable of label-free
analysis so that native products and industrially relevant conditions can be utilized. This is important for
protein engineering because “you get what you screen
for” in high-throughput screening. On the other hand,
there are foreseeable challenges. Many biofuel molecules are of low polarity and exhibit low ionization
efficiency. Moreover, for volatile products such as
ethanol, butanol, and medium-chain alkanes, reliable
quantitation can be challenging for certain MS types
that requires high vacuum (Table 1). New advances
in instrumentation and sample preparation may help
to address the limitation in analyte ranges, such as
the development of atmospheric pressure MALDI
mass spectrometer [73]. For example, laser-assisted
rapid evaporative ionization MS (LA-REIMS) has recently been applied to screen violacein and betulinic
acid-producing yeast colonies at a rate of 6 colonies
per minute [74]. Moreover, when separation steps are
omitted to increase throughput, cautions should be
taken against matrix effects and reduced accuracy of
quantitation. Therefore, a secondary validation step
using GC-MS or LC-MS is still necessary to confirm
the positive hits resulted from the primary, highthroughput MS screening. In this regard, it is also of
great interest to develop fast chromatographic technologies, such as ultra-high performance liquid chromatography [75], multiplex, overlapping injections in
a single run [76, 77], and the simultaneous use of
multiple columns in parallel [78]. It is important to
select a combination of appropriate MS-based approaches because no single platform provides all
chemical information. In addition, as many biofuel researchers may have limited MS experience, it is necessary to develop bioinformatic pipelines that
visualize large, complex mass spectral data in a
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manner similar to classical, colorimetric assays [26].
With continuous endeavor in addressing the abovementioned challenges, we envision a wide application
of MS approaches in biofuel enzyme research considering the combined advantages of sensitivity, selectivity, speed, and information-richness for chemical
analysis.
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